S oil health can be broadly defined as the capacity of a soil to function collectively with environmental and agricultural sustainability (Doran and Parkin, 1994; Karlen et al., 1997) . In practice, assessment of soil health involves measurement and interpretation of a suite of soil chemical, physical, and biological indicators (Karlen and Stott, 1994; Veum et al., 2015) . Soil microbial diversity and function may be the most valuable biological component of any ecosystem, providing pathways for primary production and ecological processes (e.g., nutrient cycling) (Lehman et al., 2015) . Soil health research and public engagement has rapidly expanded over the last several decades through scientific advances in soil biology and newer, more accessible methodologies to assess microbial biodiversity. Many initiatives are focusing funding efforts on soil health assessment, interpretation of soil health indicators, and development of recommendations for management.
mEthods For mIcrobIAl communIty structurE
Microbial communities do not exist as monocultures in the environment, and knowledge of the structure of soil microbial communities can inform our understanding of the drivers behind ecological processes, such as biogeochemical and water cycling, that impact environmental protection, crop productivity, and other ecosystem services. Methods for characterizing the microbial community have evolved considerably from the early efforts to culture soil microorganisms and identify them via phenotyping in the laboratory (Perfil'ev and Gabe, 1969) and to use selective enrichment methods to characterize functional diversity in the community (Foster, 1962) . These early methods were highly selective, capturing less than 1% of the existing soil microbial biodiversity (Pinkart et al., 2002) . Modern methods are culture-independent and have focused on analysis of lipids (i.e., ester-linked fatty acid methyl esters and phospholipid fatty acids; PLFA) extracted from cell membranes (e.g., Frostegård and Bååth, 1996; Miura et al., 2017; Zelles, 1999) , or on various genomic DNA extraction and identification techniques (Manter et al., 2017; Manter et al., 2010) .
PhosPholIPId FAtty AcIds
Phospholipid fatty acid (PLFA) analysis is an increasingly popular method for assessing microbial community structure
AbstrAct
Phospholipid fatty acid (PLFA) analysis is an increasingly popular method for estimating microbial biomass and assessing microbial community structure in soils. In particular, there is a strong interest in the use of PLFA microbial group ratios as benchmarks for soil health assessment and interpretation. Due to the sensitivity of PLFA biomarkers, the recommended procedure for sample handling involves immediate analysis of fresh, field-moist soil, immediate lyophilization with freezer storage, or storage at -80°C. This protocol may not be practical under all circumstances, yet the effects of handling and storage conditions, and the implications for interpretation of PLFA biomarkers, are not fully understood. The primary objective of this study was to evaluate the effects of multiple sample handling and storage conditions on quantification and interpretation of PLFA biomarkers. A suite of soil properties were measured on 17 prairie soil samples, including PLFA analysis. Multiple processing and handling procedures were evaluated by splitting the soil samples and comparing PLFA profiles from (i) fresh soil, (ii) soil stored air-dry for 7 and 14 d, (iii) soil stored field-moist at room temperature for 7 and 14 d, and (iv) soil oven-dried for 24 h at 105°C. All handling and storage procedures resulted in significant losses of PLFA biomarkers relative to fresh, lyophilized samples and microbial groups were disproportionately affected, leading to significant shifts in biomarker ratios. Overall, this study highlights the sensitivity of PLFA biomarkers, the importance of proper sample handling for PLFA analysis, and the potential for error and misinterpretation of PLFA data. 
core Ideas
• Sample handling had profound and disproportionate effects on PLFA biomarkers.
• Gram positive and actinobacteria were not significantly affected by storage.
• Gram negative and fungal biomarkers were dramatically affected by storage.
• PLFA ratios significantly changed as a result of sample handling and storage.
• Interpretation of PLFA profiles is highly sensitive to sample handling. in soils and can contribute to our understanding of ecosystem function and sustainable land management. Degradation of PLFA biomarkers is considered to proceed rapidly after cell death (Pinkart et al., 2002; White et al., 1996; Zelles, 1997) , thus providing robust information on the living microbial biomass and community structure (Pinkart et al., 2002) . Many of the current PLFA methods used for lipid extraction are based on the early protocol of Bligh and Dyer (1959) . White (1983) pioneered the application of PLFA analysis to microbial communities in natural environments, and efforts were made to assign PLFA biomarkers to specific microbial groups (e.g., Zelles, 1999) . A microplate method was subsequently developed by Buyer and Sasser (2012) that assigns biomarkers to Gram positive (G+) and Gram negative (G-) bacteria, actinobacteria, fungi, and arbuscular mycorrhizal fungi (AMF) using the automated Sherlock MIDI (MIDI Corp., Newark, DE) software system. This highthroughput method has been widely adopted due to its ability to provide rapid, lower cost results and it has helped move PLFA analysis from the research realm into service laboratories, where the analysis is now widely available to producers and the public.
Microbial community structure, as elucidated by PLFA analysis, is commonly used as an indicator of the biological component for soil health assessment. PLFA community structure has been linked to agricultural management, seasons, and soil types (Bossio and Scow, 1998; Zhang et al., 2016) , and studies like Bhandari et al. (2018) have tied PLFA profiles to other aspects of soil health status in soils. The sum of PLFA biomarkers is often used as a proxy for total microbial biomass in soil, although they do not reflect absolute biomass values (Frostegård et al., 2011) , and ratios of microbial groups or specific biomarkers are used to evaluate shifts in the community structure. Commonly used PLFA ratios include the G-to G+ ratio (Guckert et al., 1986; Keynan and Sandler, 1983; Pennanen et al., 1996) , the fungal to bacterial ratio (Bardgett and McAlister, 1999) , and "stress" ratios (Petersen and Klug, 1994) . A shift in the G+ to G-ratio may indicate stressful conditions such as low oxygen, suboptimal pH or water content, or low nutrient supply. This has been attributed to the ability of many G+ bacteria to form spores or to the enhanced cyclo-fatty acid content in the membrane of G-bacteria that may allow them to withstand certain environmental conditions (Guckert et al., 1986; Keynan and Sandler, 1983; Pennanen et al., 1996) . In addition, fungi are important in decomposition, carbon cycling, and soil aggregation (Bailey et al., 2003; Six et al., 2006) . As a result, the ratio of fungal to bacterial biomarkers has been used to describe the flow of energy and nutrients through the microbial community (Bardgett and McAlister, 1999; Frostegård and Bååth, 1996; Parekh and Bardgett, 2002) and lower fungal biomass has been associated with decreased soil C to N ratios (Bossuyt et al., 2001 ) and increased soil disturbance from tillage (Drijber et al., 2000; Frey et al., 1999; Stevenson et al., 2014) . Metabolic status and "stress ratios" are also useful ways to interpret PLFA data. High levels of monounsaturated fatty acids (e.g. 16:1π7 and 18:1Ω7) are produced by G-bacteria during active metabolism in the growth phase but convert unsaturated fatty acids to cyclopropane fatty acids (e.g. 17:0 cyclopropane and 19:0 cyclopropane) when metabolism slows down. This shift could be attributed to a range of environmental stressors. Thus, (cy17:0 + cy19:0)/(16:1Ω7c + 18:1Ω7c) is used as a stress indicator, where higher ratio values suggest greater stress (Kaur et al., 2005; Moore-Kucera and Dick, 2008; Petersen and Klug, 1994; Villanueva et al., 2004) .
Due to the sensitivity of PLFA biomarkers, they respond to relatively rapid shifts in the environment (Pinkart et al., 2002; White et al., 1996; Zelles, 1997) . This is advantageous for monitoring and assessing the influence of seasonal changes and management practices on microbial community structure in agroecosystems; however, this comes with the responsibility of maintaining the integrity of the PLFA profile during sample handling and storage. Recommendations for PLFA analysis call for fresh soil, freezer storage of fresh soil, or lyophilization with freezer storage prior to analysis (Petersen and Klug, 1994; Schnecker et al., 2012; White et al., 1979) . Realistically, it may not be practical for landowners to adhere to these handling and storage requirements, yet studies show that storage can lead to shifts in the microbial community composition (Lee et al., 2007; Schnecker et al., 2012) and other indicators of microbial function, such as enzyme activity (DeForest, 2009 ) and carbon mineralization (Franzluebbers, 1999) . Studies also demonstrate that the magnitude of the effect on the microbial community's PLFA profile may be soil and site specific (DeForest, 2009) . Standard protocols for PLFA sample handling have not yet been broadly established or published, and it is still unclear how alternative handling and storage conditions impact quantification and interpretation of PLFA biomarkers.
The primary objective of this study was to evaluate the effects of alternative handling and storage conditions on microbial community structure using PLFA analysis, including: Air-dried at 20°C for 2 and 4 wk; Field-moist at 20°C for 2 and 4 wk; Oven dry at 105°C for 24 h. These conditions were selected to emulate how producers might handle a soil sample prior to its arrival in the laboratory and to extend previous studies focusing on the effects of cold storage conditions. mAtErIAls And mEthods soil sampling Golden Prairie Natural Area (N 37.365300, W 94.145750) is located in Barton County in the Springfield Plateau of Missouri and includes 1.3 km 2 of remnant prairie (Fig. 1) . It is a drymesic limestone/dolomite prairie consisting of dense stands of warm-season grasses, sedges, and forbs on Union (Fine, mixed, active, mesic Oxyaquic Fragiudalfs) and Bardley (Very-fine, mixed, active, mesic Typic Hapludalfs) silt loams developed in a thin layer of loess. The Stark Family Prairie (N 38.01596, W 93.12599) is a 0.2 km 2 remnant prairie that was hayed annually but never plowed. It is a dry-mesic chert prairie located in Hickory County in the Central Plateau region of Missouri. It is dominated by a diverse community of warm-season grasses, sedges, and forbs on Creldon (Fine, mixed, active, mesic Oxyaquic Fragiudalfs), Parsons (Fine, mixed, active, thermic Mollic Albaqualfs), and Maplegrove (Fine, mixed, active, thermic Oxyaquic Argiudolls) silt loams that developed in thin layers of loess colluvium (Nelson, 2005) .
Soil samples were collected in March, 2015. Eighteen samples were collected from three transects across three landscape positions (summit, backslope, and toeslope) at each of two prairies (3 × 3 × 2). One sample was lost in the field, resulting in 17 total samples for analysis. Samples were collected from the 0-5 cm depth using 3 in-diameter rings. Plant residues and char were removed from the surface prior to sampling. Samples were transported to the laboratory on ice, homogenized by sieving through a 4-mm sieve, and processed immediately for PLFA analysis and the six storage treatments. The remaining soil was air-dried and passed through a 2-mm sieve for additional soil analyses.
soil Properties and soil health Indicators
Soil organic carbon and total nitrogen were determined on a TruMac CN (Leco Corp., St. Joseph, MI) combustion analyzer (Carr, 1973) . Aggregate stability, water pH, Bray-1 phosphorus, calcium, magnesium, potassium, and cation exchange capacity were determined following standard methods (Burt, 2011) . Active carbon was determined by the method of Weil et al. (2003) . Potentially mineralizable nitrogen was measured following a 7-d anaerobic incubation at 40°C followed by colorimetric determination of ammonium (Drinkwater et al., 1996) .
Phospholipid Fatty Acid (PlFA) Analysis
The PLFA biomarkers were extracted and esterified into fatty acid methyl esters following a modified Bligh-Dyer extraction (Buyer and Sasser, 2012) using 19:0 phosphatidylcholine as the internal standard. Extracts were evaporated and dissolved in hexane for analysis on an Agilent 6890 gas chromatograph (Agilent Technologies, Santa Clara, CA) with a flame ionization detector coupled to an Agilent Ultra 2 column for separation. The system was controlled by MIDI Sherlock (MIDI, Inc., Newark, DE) and Agilent ChemStation software. Fatty acids were identified and categorized using the MIDI PLFAD1 software package into the following microbial groups: fungi, arbuscular mycorrhizal (AM) fungi, eukaryotes, Gram-negative (G-), Gram-positive (G+), and actinobacteria (Table 1) . It should be noted that the methodology employed for this study relied on gas chromatograph (GC) peak identification and did not include downstream peak confirmation by mass spectrometry (GC-MS) or by analysis of the neutral lipid fatty acids (NLFA) as recommended by Sharma and Buyer (2015) , in particular for quantification of the AMF biomarker. However, we chose to retain the AMF category in this dataset as provided by the software package for this analysis. For the purposes of this study, total fungi represented the sum of saprophytic and arbuscular mycorrhizal fungi (AMF). Total bacteria was calculated as the sum of markers assigned to G-, G+, and actinobacteria. The stress ratio was calculated as (cy17:0 + cy19:0) / (16:1Ω7c + 18:1Ω7c) following Petersen and Klug (1994) . Results were reported in nanomoles per gram of soil (nmol g -1 ) based on the molecular weight of each biomarker.
statistical Analysis
For comparison of sample handling protocols, a paired t test (n = 17) was conducted on each PLFA category (microbial groups and ratios) in SAS 9.2 (SAS Inst. Inc., Cary, NC), using the lyophilized fresh samples as the control (α = 0.05).
rEsults total microbial biomass Estimated by PlFA
Significant changes in the microbial community biomass were observed across all storage and handling conditions relative to lyophilized fresh soil (Table 2) . Results for PLFA microbial groups and general soil properties for each prairie can be found in Tables 3  and 4 . Air-dry storage and field-moist storage at room temperature resulted in an 11-16% reduction in total PLFA biomarkers, the estimate of microbial biomass. In this study, oven-drying had the most dramatic effects on total PLFA biomarkers, resulting in a 38% reduction. At this temperature, thermal degradation of the fatty acids is likely proceeding, For example, the melting point is 13.4°C for oleic acid and 69.6°C for stearic acid (Berg et al., 2002) .
Fungal biomarkers
The effect of the alternative storage procedures on PLFA biomarkers was not proportional across all microbial groups (Table 2) . In this study, fungal biomarkers (AMF: 16:1Ω5c and saprophytic fungi: 18:2Ω6,9c) were impacted the most, showing a 13-55% decline due to air-dry or field-moist storage, resulting in a significant shift in the bacteria/fungi ratio. In addition, oven-drying drastically reduced the fungal biomarkers by 86%.
PlFA ratios
Ratios of PLFA biomarkers and microbial groups are often used as indicators of the status of the microbial community for the biological component of soil health assessment. Commonly used PLFA ratios include the G-/G+ ratio (Guckert et al., 1986; Keynan and Sandler, 1983; Pennanen et al., 1996) , the fungal to bacterial ratio (Bardgett and McAlister, 1999) , the ratio of AMF to saprophytic fungi (Cozzolino et al., 2016) , and the "stress" ratio (cy17:0 + cy19:0) / (16:1Ω7c + 18:1Ω7c) as described by Petersen and Klug (1994) . In this study, alternative storage conditions resulted in significant shifts in each of these ratios (Table 2) . With the exception of oven-drying, actionbacteria and G+ bacteria were not affected by storage and handling conditions, likely due to their more robust cell membrane structure and ability to withstand harsh conditions (Moore-Kucera and Dick, 2008) . All storage and handling conditions significantly reduced the G-, AMF, saprophytic fungi, and total PLFA biomarkers. The disproportionate impact on the biomarkers resulted in significant declines in the G-to G+ ratio and the fungi to bacteria ratio, and resulted in increased AMF to saprophytic fungi and stress ratios. The G-to G+ ratio significantly declined from 1.57 with fresh soil to an average of 1.42 for air-dry storage, and an average of 1.34 for field-moist storage. Interestingly, the G-to G+ ratio following oven-drying was equivalent to the ratio with field-moist storage. The fungal to bacterial ratio also significantly shifted with storage, strongly favoring bacterial markers over fungal markers: fresh (0.09) > air dry (0.08) > field moist (0.07) > oven dry (0.05). The AMF to saprophytic fungi ratio dramatically increased with storage, primarily due to the significant loss of the saprophytic markers. Ratios shifted from 1.45 with fresh soil to 1.9 with air dry soil, 2.6 with field moist soil, and 4.8 following oven drying. The stress ratio increased as anticipated in the order fresh (0.80) < air dry (0.98) < field moist (1.03) < oven dry (1.18). For most PLFA groups, there were only minimal differences between airdry storage at 2 versus 4 wk, or between field-moist storage at 2 versus 4 wk, suggesting that some level of metabolic stabilization occurred over time for a given set of storage conditions.
dIscussIon

Implications for PlFA Analysis and Interpretation
Multiple studies have similarly observed shifts in PLFA profiles as a result of storage and handling conditions, focusing primarily on the effects of cold storage. On a set of three agricultural soils from Ohio, Lee et al. (2007) found that various storage conditions, including storage at 4°C, -20°C, and -80°C, reduced total FAMEs by 16-56%. Petersen and Klug (1994) studied storage effects on PLFA biomarkers in a Michigan agricultural soil, and also observed a 21-28% reduction in total PLFA for soils in cold storage and a reduction of 21-58% for soils at 25°C. Reductions such as this due to sample handling could be erroneously interpreted as significant declines in total microbial biomass.
The disproportionate effect on microbial group markers and on subsequent PLFA ratios demonstrated in this study would also likely lead to misinterpretations of the status and structure of the microbial community. Shifts in PLFA ratios have also been observed in previous studies. For example, Lee et al. (2007) found that drying and cold storage (4°C or -20°C) favored G+ over G-bacteria, and Petersen and Klug (1994) noted a disproportionate effect of storage temperature and sieving across PLFA biomarkers. Similar to this study, Petersen and Klug (1994) observed large losses of the fungal markers 18:2 Ω6c and 18:3 Ω4c with storage at room temperature or above. In contrast, Lee et al. (2007) noted minimal effects on fungal markers under cold storage conditions (4°C, -20°C, and -80°C). In general, fungi are assumed to be less sensitive to changes in moisture and temperature than bacteria due to chitinous cell walls (Holland and Coleman, 1987) , yet the results of this study do not appear to support that assumption. Given the storage effects observed in this study, a comparison of samples subjected to these handling procedures would result in dramatically altered inference and conclusions regarding the health, function, and viability of the soil microbial community. Microbial communities are defined by their large-scale climate and soil association. Thus, the effects of storage and handling are likely to vary based on the site-specific ambient conditions experienced by the microorganisms. In other words, this experiment may not induce significant shifts in PLFA biomarkers in soil from arid climates or soils that have been highly degraded prior to analysis. Mimicking ambient field conditions during storage could potentially preserve the PLFA profile and reduce shifts in the microbial community structure; however, it is not possible to reproduce all factors of the natural soil environment, including temperature, moisture, and oxygen levels, simultaneously. For example, field-moist storage in a sealed bag at room temperature will quickly become hypoxic due to continued heterotrophic respiration, potentially inducing shifts in the microbial population. Alternatively, cold storage of field-moist samples may reduce heterotrophic respiration and inhibit the onset of hypoxic conditions, but could favor growth of cold-tolerant microorganisms. Even when soil is frozen at sub-zero temperatures, microorganisms continue metabolic activities at reduced levels (Bore et al., 2017) . Ultimately, the storage conditions originally recommended by White et al. (1979) , including analysis of fresh, frozen, or frozen-lyophilized samples, remain the best practices for preservation of the PLFA profile.
conclusIons
The effects of storage and handling procedures on PLFA microbial groups and biomarkers were pronounced and significant. Rich prairie soils known to have high microbial biomass and microbial diversity were selected for this study, and sitespecific characteristics, such as climate, soil properties, historical management, and vegetation, may have been factors in determining how PLFA profiles responded to storage and handling conditions. Ultimately, there are trade-offs with all storage and handling approaches, and a better understanding of how these conditions affect the quantification of PLFA biomarkers and the interpretation of the PLFA profiles is needed. Based on the results of this and previous studies, the recommended practice of immediate lyophilization, -20°C, or -80°C storage prior to extraction must be employed when measuring PLFA profiles to ensure that the results and interpretation are not merely artefacts of storage and handling procedures. 
